Dissolved carbohydrates in streamwater determined by HPLC and pulsed amperometric detection Abstract-Dissolved total saccharides (DTS) and dissolved free monosaccharides (DFMS) in streamwater were determined by high-performance liquid chromatography with pulsed amperometric detection (HPLC-PAD). HPLC identification was verified with gas chromatography/mass spectrometry measurements. The method for DTS was improved by using a column with an anion exchange capacity of 4,500 Fq and a mobile phase of 350 mM NaOH. The detection limits for individual monosaccharides ranged from 2 to 14 nM. The average recovery for monosaccharide standards was 82% after hydrolysis, and 75% of the monosaccharides in streamwater hydrolysates were recovered following a desalting procedure. Hydrolysis of model substances showed recoveries of monosaccharides between 78 and 98%. The C.V. for a hydrolyzed stream sample was 15% for the DTS. Stream samples stored at room temperature after filtration and acidification to pH 1.1 were stable for at least 23 d. Concentrations of DTS in White Clay Creek, including sugar alcohols and amino sugars, ranged from 0.64 to 12.70 PM and accounted for 2.9-12.1% of the dissolved organic carbon pool. Neutral sugars dominated the DTS pool, and glucose and galactose were the most abundant molecules. Concentrations of DFMS ranged from 0.05 to 0.38 PM and accounted for 0.06-0.33% of the dissolved organic carbon pool.
Carbohydrates are important components of the dissolved organic matter pool in aquatic environments. They provide a significant source of C and energy for heterotrophic bacteria (Mtinster and Chrost 1990) . In natural waters, dissolved carbohydrates have been estimated to make up from 1 to -30% of the dissolved organic C (DOC) (Thurman 1985) . Dissolved total saccharides (DTS) consist of dissolved free monosaccharides (DFMS) and dissolved combined saccharides (i.e. oligo-and polysaccharides). DTS concentration and composition in natural waters have only been analyzed following preconcentration, and there are no data on minor sugars such as sugar alcohols and few data on amino sugars. The determination of the molecular composition of carbohydrates not only provides information on the composition of the DOC pool but also provides an indication of the DOC sources and their transformations (Cowie and Hedges 1984; Hedges et al. 1994) .
Current methods for the determination of carbohydrates in natural waters include calorimetric assays (Johnson and Sieburth 1977; Burney and Sieburth 1977) , gas chromatography (Cowie and Hedges 1984; Ochiai and Nakajima 1988) , and liquid chromatography (Mopper 1977; Ittekkot et al. 1982; Wicks et al. 1991) . Calorimetric assays do not provide information on the composition of the saccharides and are prone to interferences. Gas chromatography (GC), in combination with a flame ionization detector (FID), allows the identification of individual molecules, and with mass spectrometry (ms), the confirmation of that identity. However, GC involves time-consuming derivatization procedures and drying of samples that increases the possibility of contamination.
The combination of high-performance liquid chromatography and pulsed amperometric detection (HPLC-PAD) has been reported as a promising alternative, as it combines high sensitivity and accuracy (Wicks et al. 1991; Mopper et al. 1992; Jorgensen and Jensen 1994) . In our hands, environmental samples required no preconcentration step, thus reducing the chances of contamination. With the HPLC-PAD technique, carbohydrates dissociate in a strongly alkaline solution, separate as anions on an anion-exchange resin, and are detected by oxidation at the surface of a gold electrode. Jorgensen and Jensen (1994) discussed some significant drawbacks with the method, such as long periods for baseline equilibration, changes in retention time due to the interference of carbonate, and time-consuming cleaning procedures for the analytical columns. The objective of our work was to examine the analytical method for the determination of DTS in streamwater and seek improvements in the HPLC-PAD technique. We focused especially on sensitivity without preconcentration, high sample throughput, and the measurement of combined carbohydrates. Our studies included testing two different analytical columns, investigating the influence of the mobile phase, and verifying the results with GUMS measurements. Additionally we assessed sample recovery following storage, hydrolysis, and desalting.
Notes
All solutions and HPLC mobile phases were prepared with freshly deionized water from a Barnstead Nanopure II system (Syborn/Barnstead). HPLC mobile phases were made by diluting a low-carbonate sodium hydroxide solution (50% wt/wt; Baker) with degassed, deionized water. Degassing was carried out by applying a water aspirator vacuum for 20 min. All other chemicals were of analytical grade and were used without further purification. Carbohydrate standards were obtained as the purest available grades (Fluka, Aldrich). Stock solutions of standards (7-20 PM) were prepared in 10% aqueous acetonitrile (HPLC grade, Baxter) and stored at -20°C. Working stocks of monosaccharide standards (l-3 PM) were also prepared in 10% aqueous acetonitrile and frozen. Calibration standards (15-130 nM) were prepared from aqueous serial dilutions of the working stocks and were refrigerated (5°C). Refrigerated calibration standards were stable for at least 1 week and frozen stocks were stable for at least 1 year. A freshly prepared aqueous dilution (100 nM) of a commercial standard mixture (Dionex) was run on a regular basis.
The HPLC-PAD analysis was performed on a Dionex 500 consisting of a PEEK version GP40 gradient pump module, an ED40 electrochemical detector, and a LC5 manual injector with a Rheodyne 9125 valve and a 250-~1 PEEK sample loop. The mobile phase was stored under a blanket of nitrogen. The ED40 was equipped with an amperometric flow cell, a gold working electrode, and a Ag/AgCl reference electrode. Data acquisition and evaluation were performed on a HP ChemStation (Hewlett-Packard). Two anion-exchange analytical columns (4X 250 mm)-PA-1, packed with nonporous polymeric resin with an anion exchange capacity of 100 ,ueq, and MA-l, packed with microporous polymeric resin with an anion exchange capacity of 4,500 wq (Dionex)-fitted with the corresponding guard columns (4X50 mm) were used to separate the monosaccharides. A carbonate retarder column (ATC-1; Dionex) was placed between the pump and the injector to remove traces of carbonate.
The mobile phase for the separations with the PA-l column was 16 mM NaOH at a flow rate of 1 ml min-I. Separations on the MA-l column were carried out with 300 or 350 mM NaOH as the mobile phase at a flow rate of 0.4 ml mm'. Uranic acids were separated isocratically with the PA-l column using 500 mM NaOH as the mobile phase at a flow rate of 1 ml min-I. Test runs with postcolumn base addition (1 M NaOH) were carried out with a Post Column Pneumatic Controller (Dionex) and a pressurized reservoir chamber (Dionex). Pressure was adjusted to maintain a base addition flow rate of 1 ml rninl. Test runs with gradient elution were carried out with different gradients of NaOH (lo-800 n&I) and different gradients of sodium acetate in NaOH (Martens and Frankenberger 1990) . Settings of the detector were the following: El = ? 100 mV, t 1 = 500 ms; E2 = 2 600 mV, t2 = 100 ms; E3 = -600 mV, t3 = 50 ms. The response time was set to 1 s, and the output range was lo-20 X lop9 Coulombs (nC).
Water samples were collected from White Clay Creek in the Piedmont of southeastern Pennsylvania with a 60-ml polypropylene syringe (Becton-Dickson) and Teflon tubing. Additional streamwater was pumped directly into a wet laboratory facility through PVC pipe. All samples were filtered through either a muffled glass fiber filter (Whatman GF/F) or a 3-stage glass-fiber cartridge filter system (Balston) consisting of 75-, 25-, and 0.3-pm filters in series (Kaplan 1994) . DOC concentrations were measured with an 01 700 TOC analyzer (0.1. Corp.). All glassware and glass-fiber filters were precombusted (550 and 45O"C, respectively, for 6 h).
To convert all DTS to monosaccharides, we filtered 10 ml of sample through a 0.2-pm nylon filter (Nalgene), acidified it to 0.24 M with 300 ~1 of 8 M HCl (Baker), and hydrolyzed it at 100°C for 12 h. Hydrolysis efficiency at 100°C was tested with polysaccharides (hydroxymethyl cellulose, cellobiose, melizitose) at two acid concentrations (0.01 and 0.24 M HCl) and two reaction times (3 and 12 h). Additional tests on the hydrolysis efficiency were carried out with streamwater samples acidified with HCl to 0.02, 0.04, 0.08, 0.24, 0.6, and 1.3 M. A portion of the hydrolyzed samples (3 ml) was passed through a Dionex OnGuardA desalting cartridge in the bicarbonate form (anion exchange) to remove the chloride and neutralize the sample. The desalting cartridges were regenerated with 20 ml of a 1 M NaHCO, (Fluka) solution and used up to five times. To check the recovery of carbohydrates following the desalting step, we injected selected samples without desalting (MA-l column only). Dissolved free monosaccharides were analyzed after filtration (0.2 pm) but were not hydrolyzed. Uranic acids were hydrolyzed in 0.1 M HCl for 12 h and analyzed without desalting of the sample.
Confirmatory GYMS analyses were performed with a HP 5890 gas chromatograph connected to a HP 5988 quadruple mass spectrometer (Hewlett-Packard). The sole purpose of the GCMS analyses was the unequivocal identification of carbohydrates separated by HPLC; these were qualitative (not quantitative) determinations. Hydrolyzed and desalted water samples were freeze-dried and trimethyl-silylated (TriSil reagent, Pierce; Sweeley et al. 1963 ). Volumes of l-3 ~1 of derivatized samples were injected (280°C) onto a 0.25-,um coating thickness, 0.25-n-m-r i.d., 30-m DB-5 (J&W Scientific) fused-silica capillary column and separated by a temperature program of 60°C (held 2 min), ramped to 100°C at 20°C min-I, ramped to 240°C at 5°C min I, ramped to 300°C at 10°C min-I, and held at 300°C for 1 min. Standard substances were dissolved in 50% aqueous acetonitrile, ovendried at 5O"C, and analyzed after derivatization.
The PA-l and MA-l columns provided similar sensitivity, precision, and concentration, but different selectivities for the monosaccharides. For the MA-l column, the detection limits for individual monosaccharide standards, defined as concentrations generating a signal-to-noise ratio of three, and calculated by the ChemStation software, were between 1 and 11 nM, and the relative precison for replicate analyses of standards (concentration range 60-200 r&I) ranged from 1.8 to 11.8% (Table 1 ). The PA-l column only provides information on the major sugars, and the characteristics of this column have been previously discussed (Mopper 1977; Jargensen and Jensen 1994) . In our hands, detection limits for the PA-l ranged from 3 to 14 nM, and the relative precision on replicate analyses of standards ranged from 3.1 to 20.1% (Table 2 ). The elution pattern of monosaccharides on the two columns differed, and under isocratic conditions, xylose and mannose (retention time 21.46 min) co-eluted on the PA-1 column, while fucose and rhamnose (retention time 17.75 min) plus glucose and xylose (retention time 36.25 min) co-eluted on the MA-l column. Gradient elution with either NaOH or sodium acetate separated the co-eluting monosaccharides, but required a postcolumn base addition to compensate for the attendant baseline drift, with a resulting 5-lo-fold loss in sensitivity due to increased noise (see also Mopper et al. 1992 ). The MA-l column was superior to the PA-1 in stability of the chromatographic separation and detector output. For example, the MA-l displayed less than a 1% shift in retention time over five injections, whereas the PA-l retention time shifted between 8 and 13%. The MA-l has a 45fold higher ion exchange capacity than the PA-l, permitting the use of stronger base in the mobile phase (350 vs. 16 mM NaOH), and thus carbonate within the eluent and samples tends to accumulate less in the MA-l than the PA-l column. Carbonate accumulation in the PA-l column required regeneration after five to seven injections, whereas the MA-l showed no loss in resolution for at least lo-12 injections. Jorgensen and Jensen (1994) used the PA-1 column with gradient elution, ending each analysis with regeneration of the column (150 mM NaOH) and equilibration of the column (14.3 mM NaOH) before the next analysis. Their total analysis time was 70 min, and they performed a column washing with additional solvents after every 30-40 analyses. The higher concentration of NaOH that we used with the MA-l eluent eliminated the interference with dissolved oxygen that has been reported as a large negative peak (Jorgensen and Jensen 1994) in close proximity to the retention time of galactose and necessitated purging of samples for precise and accurate galactose measurements with the PA-l column. Equilibration of the system with a MA-l column is also faster compared to the system with a PA-l column because of the higher pH dependence of the PAD signal in the lower pH range. Each run with the MA-l column took twice as long as the PA-l column, but when column rinsing and equilibration are taken into account, a complete analytical cycle with either MA-1 or PA-l column takes -1 h. The daily routine for the MA-l column involves a 30-min wash with 1 M NaOH and reequilibration with the corresponding eluent within an hour. We never experienced any problems with the Ag/AgCl reference electrode, but monthly (or after -200 analyses) the gold working electrode was polished to maintain a stable baseline.
The chloride anion that is a residual of the acid hydrolysis step competes for sites on the analytical column (anion exchange resin). The initial hydrolysis acid concentration (0.24 M) was chosen to match the capacity of the desalting car-Notes tridge. Following hydrolysis for 12 h, recoveries of glucose from cellobiose, melezitose, and hydroxymethyl cellulose standards were 83, 79, and 98%, respectively (n = 1). Because the precise structure of hydroxymethyl cellulose is not known, the recovery was estimated by analyzing a standard for DOC and dividing the moles of C by 6 to calculate the anticipated moles of glucose in the hydrolysate. Our calculation does not include the contribution of methyl groups to the DOC content, and thus is an overestimation of recovery.
Reducing the hydrolysis time of the standards from 12 to 3 h resulted in reduced recoveries of 10% with 0.01 M HCl and 20% with 0.24 M HCl (n = 1). The average recovery of monosaccharide standards (24-420 nM), dissolved in nanopure water, was 82% following hydrolysis and desalting (Table 1) . Fructose was destroyed during the hydrolysis. We do not know the hydrolysis reaction of fructose, but preliminary tests with a standard show that it is not converted to one of the major sugars. Highest recoveries of DTS concentrations from replicate streamwater samples were found for acid concentrations between 0.08 and 0.24 M HCl (no significant differences; t-test, P = 0.05), but lower HCl concentrations (0.02 and 0.04 M) and higher HCl concentrations (0.6 and 1.3 M) resulted in decreased DTS recovery (Table 3) . Analyzing hydrolysates without desalting with the MA-l column allowed us to determine that desalting stream samples with the anion exchange cartridge removed 25% of the major sugars (Table  l) , but these losses were not significant (t-test, P = 0.05). Losses of the sugar alcohol inositol was less than 7% and losses of amino sugars averaged 38%. We did not check for losses of uranic acids but assume that they were completely removed by desalting. We also did not investigate the influence of the volume passed through the desalting cartridges on the retention of sugars.
The hydrolysis conditions that we used for carbohydrates dissolved in streamwater were milder than those used for dissolved carbohydrates in seawater (0.85 M H,SO,; Mopper et al. 1992 ) and lakes (1.5 M HCl; Jorgensen and Jensen 1994), and much lower than those used for sediments, wood, and other particulate organic matter (75% H,SO, followed by 1.2 M H,SO,; Cowie and Hedges 1984) , vascular plants (2 M TFA; Wicks et al. 1991) , or particulate organic matter in the ocean (pretreatment with 12 M H,SO, followed by 1.2 M H,SO,; Pakulski and Benner 1994) . Even with our * DTS concentrations as PM of sugar were calculated from the results of the PA-l and MA-l analyses of the same sample (n = 1); values in brackets are the sugar concentrations as percent of DOC, values in parenthesis are the PA-l and MA-l results. t Abbreviations: Fuc, fucose; Rha, rhamnose; Ara, arabinose; Gal, galactose; Glc, glucose; Man, mannose; Xyl, xylose; GlcN/GalN, glucosamine/galactosamine. milder conditions, fructose was destroyed, as previously re-
The reproducibility of the entire method (collection, filported (Wicks et al. 1991; Jorgensen and Jensen 1994) , but tration, hydrolysis, desalting, chromatography) was checked we did not observe a loss of arabinose (Jorgensen and Jensen with replicates of a streamwater sample. The C.V.s for the 1994). Our tests of different hydrolysis conditions with repindividual monosaccharides within the hydrolysate ranged licate streamwater samples clearly show that relatively mild from 10 to 42% (n = 10) and the average C.V. for the total conditions yielded the highest recovery of DTS. The hydrocarbohydrate content was 15% for the MA-l column (Table  lysis test indicates that, within our analytical window, the 1) and 5% for the PA-l column (Table 2) . Mannitol (20 nM), DTS pool that we have measured in streamwater consists of mannose (5 nM), and glucose (20 nM) were found as coneasily hydrolysable saccharides. We have not, however, astaminants in our reagents. We do not know the source(s) of sessed the hydrolysis of uranic acids with our mild hydrothese contaminants, and the concentrations did vary, but they lysis conditions. Keep in mind that the accuracy of the carwere well below the monosaccharide concentrations in our bohydrate analysis cannot be verified without authentic ref-
DTS hydrolysates, and carbohydrate concentrations were not erence materials.
corrected for the blank values. Experiments on sample stor- age showed no loss of carbohydrates after analyzing a sample that had been filtered (0.2 pm), acidified to pH 1.1, and stored for 23 d at 22°C (Table 4) .
Although the elution patterns and co-eluting peaks differed, concentrations of DTS in 19 different streamwater samples measured with the PA-l column were 1022 13% (range 90-134%) of those measured with the MA-l column (Table 5 ). DTS estimates with the MA-l column include small concentrations of sugar alcohols (inositol and mannitol) and amino sugars (glucosamine and galactosamine) that were not detected with the PA-l column (Fig. 1) . The DTS concentration in streamwater ranged from 0.64 to 12.70 PM and accounted for 2.9-12.1% of the DOC pool (Tables 5,  6 ). DFMS concentrations in streamwater were much lower, ranging from 0.05 to 0.38 PM, and accounted for 0.06-0.33% of the DOC pool (Table 6 ). Glucose and fructose were the major free monosaccharides under baseflow conditions, although a high ribose concentration was measured under stormflow conditions. Clearly, DTS concentrations show very dynamic behavior in White Clay Creek, although there is little change in composition over time.
The dominant monosaccharides found in the hydrolysates of streamwater samples, listed in descending order, were the glucose, galactose, rhamnose, xylose, arabinose, mannose, and fucose (Table 5 ). To generate these mole percents, we combined data from streamwater samples analyzed with both analytical columns and estimated the contribution of individual molecules within the co-eluting peaks. Based on 19 samples, mannose was 33.3 + 12.4% (mean 2 SD) of the xylose/mannose peak, fucose constituted 30.6 + 5.3% of the fucose/rhamnose peak, and xylose was 39.6 ? 8.8% of the glucose/xylose peak. A single sample was analyzed for uronic acids and galacturonic acid, and glucuronic acid accounted for 3.4% of the DTS pool.
We tentatively verified the identity of sugars in HPLC-PAD chromatograms by spiking natural samples with standard substances. We provided a more definitive verification of the HPLC-PAD identification of neutral sugars, including glucose, fucose, rhamnose, arabinose, galactose, mannose, and xylose, from a comparison of GC retention times and mass spectra of derivatized carbohydrate standards and a hydrolyzed, desalted, freeze-dried, and derivatized streamwater Table 6 . Concentrations of DOC (PM), DFMS (nM), and DTS (nM) in White Clay Creek (nd = not detected). DOC data are the means of triplicate analyses; DFMS and DTS concentrations in nM sugar are based on single determinations with the PA-l column. Table 5. sample. The verification process was the same for each major sugar, but for illustrative purposes we have highlighted peaks for arabinose within the HPLC and GC chromatograms of a streamwater sample in Fig. 2A ,B. Two GC peaks for each sugar in Fig. 2B correspond to the furanose and pyranose isomers of the molecule. The mass spectrum associated with the arabinose peak (No. 1, Fig. 2C ) is characterized by 10 prominent mass to charge (m/z) signals that represent fragments of the molecule. Each molecule has a specific pattern of fragments, and as seen from the reference spectrum for arabinose (Fig. 2D) , there is a good match between the spectra from the streamwater sample and the arabinose reference. The HPLC peak at the retention time 12.5 min has not been identified but occurred in several samples. It is noteworthy that the GUMS chromatograms also showed four peaks that have not been identified but showed a sugar-like mass spectrum. Sugar alcohols and amino sugars could not be found with GUMS owing to the low concentrations of these substances.
DFMS-(-
Our data confirm for streamwater the precision and sensitivity of HPLC-PAD analyses of carbohydrates previously demonstrated for seawater (Mopper et al. 1992 ), a salt marsh and freshwater swamp (Wicks et al. 1991) , and lakes (Wicks et al. 199 1; Boschker et al. 1995; Tranvik and Jorgensen 1995) . Our analyses were performed without preconcentration (in fact some stormwater samples were diluted 3 : 1 with deionized water), and we detected concentrations of amino sugars and sugar alcohols. Furthermore, we have demonstrated that many of the drawbacks noted for the method, especially instability of the chromatographic separation and detector output (Jorgensen and Jensen 1994), are resolved by using an analytical column with a higher anion exchange capacity and increasing the molar&y of the mobile phase.
Data on the composition of the DTS pool are useful for site comparisons, uptake studies, indices of diagenesis, and source characterization. Co-elution of molecules under isocratic conditions obscures some of that information, but in the case of fucose and rhamnose, since both are deoxy-sugars that together can be used to assess the degradation status of the DOC pool (Hedges et al. 1994) , little information is lost. Xylose, however, which has been used to characterize DOC sources (Cowie and Hedges 1984) , would require determinations using both columns. Glucose, which is often excluded from calculations because its uniform dominance in samples can obscure differences seen from less abundant carbohydrates (Cowie and Hedges 1984; Boschker et al. 1995) , would require analysis with the PA-l column. For analyses where the sum of DTS or DFMS are of primary interest, the MA-l column provides distinct advantages. Ideally, a gradient method with improved sensitivity would not only separate all the monosaccharides in a hydrolysate, but would allow the detection of complex carbohydrates in unhydrolyzed samples.
The composition of the DTS pool in White Clay Creek shows remarkable similarity to compositions reported for small streams in Japan (Ochiai and Nakajima 1988) , an intermediate-sized river in North America (Sweet and Perdue 1982) , and large South American rivers (Depetris and Kempe 1993; Hedges et al. 1994 ). Our work, however, is the first to report concentrations of sugar alcohols in freshwater and 2. An example of HPLC-PAD and GUMS analyses of a streamwater hydrolysate. A. HPLC separation with the MA-l column using 350 mM sodium hydroxide as the mobile phase. Peak identification: 1, inositol; 2 and 3 unknown; 4, fucose/rhamnose; 5, galactosamine; 6, glucosamine; 7, mannitol; 8, arabinose; 9, mannose; 10, glucose/xylose; 11, galactose. B. GUMS chromatogram of a hydrolyzed, freeze-dried, and derivatized stream sample. Peak identity: 1 and 13, arabinose; 2 and 5, rhamnose; 4 and 6, fucose; 7, 9, 11, and 15, unknown; 8, mannose; 10, galactose; 12 and 14, glucose; 13 , mannose/galactose. C. Mass spectrum of peak No. 1 (arabinose) of the GUMS chromatogram. D. Mass spectrum of arabinose (methylated) found in a reference library of spectra.
Notes the first example of amino sugar analyses without preconcentration. Inositol, or one of its several stereoisomers, is found in lipids (phosphatidylinositol) as well as higher-plant tissues (phytin), glucosamine is a major component of chitin, and galactosamine is a component of glycolipids (Lehninger 1975) . Although the significance of different sugars to watershed characteristics has been suggested (Depetris and Kempe 1993) , and information about the minor sugars may contribute to our identification of sources, that interpretation is beyond the scope of this study. Nearly all sugars reported from aquatic environments are also found in the hydrolysate of White Clay Creek water. The exceptions include fructose, reported for seawater (Mopper 1977) and major world rivers (Ittekkot et al. 1985; Depetris and Kempe 1993) , lyxose, a minor constituent in the Amazon (Hedges et al. 1994) , and cellobiose/melibiose reported for Scandinavian lakes (Jorgensen and Jensen 1994; Tranvik and Jorgensen 1995) . As discussed above, fructose was destroyed during hydrolysis, and cellobiose and melibiose are disaccharides that would yield glucose and galactose after hydrolysis.
The OC-normalized yields of carbohydrates in the 19 samples of White Clay Creek reported here, expressed as percentages (2.9-12.1%), exceed the value of 1.5% reported for neutral sugars in the Amazon (Hedges et al. 1994 ), but on average are considerably lower than the 9.4-16.1% previously reported for DTS in White Clay Creek measured with phenol-sulfuric acid (Kaplan et al. 1980) or MBTH (Volk et al. 1997 ) calorimetric techniques. Our present values for White Clay Creek include neutral sugars, sugar alcohols, and amino sugars, but not uranic acids. If we were to make an allowance for losses during sample preparation and for uranic acids based on the 3.4% of DTS measured in a single sample, it would not resolve this disparity. Even though it is quite possible that uranic acids were not completely hydrolyzed in our sample preparation, it seems unlikely that uranic acids can explain the differences between chromatographic and calorimetric estimates of DTS. Thus, our data show a discrepancy between the HPLC and colorimetric estimates (Senior and Chevolot 1991) Processing of ingested matter in Strombidium sulcatum, a marine ciliate (Oligotrichida) Abstract-We examined the hypothesis that different types of ingested matter may be processed at different rates by a marine microzooplankter. Ciliates were exposed to a prey item and then diluted at 1: 100. Disappearance or digestion of inert (fluorescent microspheres) and digestible prey items (heatkilled and fluorescently labeled Synechococcus, natural Synechococcus, and Isochrysis galbana) were determined from changes in cell contents using epifluorescence microscopy. Ingested prey declined exponentially, and prey analogues were processed like natural prey. There were no significant differences in rates of disappearance or decay constants for the different prey items or in feeding vs. nonfeeding ciliates or between ciliates cultured on (or naive to) natural Synechococcus. The overall average tlh of cell contents at 22°C was 75 min. The exponential declines in cell contents indicated that some ingested chlorophyll a, whether in Synechococcus or Zsochrysis, can be long-lived. The relatively invariant decay constant for ingested matter opens the possibility of using a gut passage approach to estimate instantaneous rates of grazing for natural populations of oligotrich ciliates.
Ciliate microzooplankton are generally considered an important component of planktonic food webs and are assigned the role of grazers on ultraplankton, i.e. cells between 0.5 and 5 ,um in size (e.g. Sherr et al. 1991) . In recent years, the grazing activity of ciliates has been evaluated, for the most part, using two major approaches: monitoring changes in phytoplankton pigment concentrations in dilution experiments or using prey analogues. An alternative technique, used occasionally in the past, is the gut contents approach; it relies on estimates of cell contents combined with data on digestion rates (Goulder 1972 (Goulder , 1973 Fenchel 1975; Kopylov and Tumantseva 1987; Dolan and Coats 1991) . With regard to the dominant group of marine planktonic ciliates, oligotrichs, this particular approach has not been attempted and the process of digestion has received little attention. To our knowledge, the existing data concern disappearance rates of fluorescently labeled bacteria (Sherr et al. 1988) . Although the need for digestion rate data is obvious if a gut contents approach is to be attempted, knowledge of how food items are processed may be useful regardless of the technique used to investigate grazing.
The use of fluorescently labeled bacteria (Sherr et al. 1987) or algae (Rublee and Gallegos 1989) as prey analogues has become common (Putt 1991). Grazing rates are estimated either via increases of prey analogues inside grazers (e.g. Simek et al. 1995) or via declines in bulk concentrations of prey analogues (e.g. Fuhrman and Noble 1995). When prey analogues are used to estimate ingestion, it is overtly assumed that analogues appear in the predator (via ingestion) at a rate similar to natural prey items (e.g. Simek et al. 1995) , but there is an underlying assumption that prey analogues disappear (i.e. are digested or evacuated) at the same rate as natural prey. To our knowledge, this assumption has never been examined. There are reasons to suspect that some prey analogues could be digested at rates different from natural prey. For example, heat-killing the bacterium Staphylococcus, a process used in the preparation of fluorescently labeled bacteria (Sherr et al. 1987) , coagulates cytoplasm, thereby rendering the cells resistant to digestion by the ciliate Paramecium (Mehlis et al. 1990 ). Thus, it is worth considering that heat-killed prey may be processed slower in the digestive vacuoles of ciliates compared to natural prey.
Here we report on the processing of ingested matter by Strombidium sulcatum, which is considered typical of marine planktonic ciliates and is the subject of previous studies concerning feeding and nutrient excretion (Allali et al. 1994) . We examined in a set of laboratory experiments the disappearance of different types of ingested matter in S. sulcatum: inert fluorescent microspheres, heat-killed and fluorescently labeled Synechococcus cells, native marine Synechococcus, and cultured Isochrysis galbana. Our data support studies that reported an exponential decay of ingested matter in ciliates (Goulder 1972; Fenchel 1975; Berger and Pollock 1981; Fok and Schockley 1985; Fok et al. 1982;  
